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The objective of this review was to compare and contrast the physiological and meta-
bolic profiles of rodent white adipose fat pads with white adipose fat depots in humans. 
Human fat distribution and its metabolic consequences have received extensive 
attention, but much of what has been tested in translational research has relied heavily 
on rodents. Unfortunately, the validity of using rodent fat pads as a model of human 
adiposity has received less attention. There is a surprisingly lack of studies demonstrat-
ing an analogous relationship between rodent and human adiposity on obesity-related 
comorbidities. Therefore, we aimed to compare known similarities and disparities in 
terms of white adipose tissue (WAT) development and distribution, sexual dimorphism, 
weight loss, adipokine secretion, and aging. While the literature supports the notion 
that many similarities exist between rodents and humans, notable differences emerge 
related to fat deposition and function of WAT. Thus, further research is warranted to more 
carefully define the strengths and limitations of rodent WAT as a model for humans, with 
a particular emphasis on comparable fat depots, such as mesenteric fat.
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iNTRODUCTiON
Obesity has largely been defined by a body mass index (BMI) >30 kg/m2, or better still, a body fat 
percentage >25% in males and >35% in females (1). However, from a physiological standpoint, 
evidence indicates that body fat distribution, irrespective of BMI and/or body fat percentage, most 
strongly predicts risk of obesity-related diseases and complications (2). Risk can further be stratified 
by fat distribution, as individuals with a higher waist-to-hip ratio suffer disproportionately from 
obesity-related metabolic dysfunction (3). Indeed, individuals with gynoid obesity, characterized by 
subcutaneous fat in the gluteofemoral region, have minimal risk of developing metabolic dysfunc-
tion (3, 4); whereas individuals with the so-called android obesity, which is characterized by visceral 
fat accretion, suffer a greater risk of metabolic dysfunction (4, 5).
Abbreviations: BMI, body mass index; CR, caloric restriction; DSAT, deep subcutaneous adipose tissue; HOX, homeobox; 
IL-6, interleukin-6; SAT, subcutaneous adipose tissue; SSAT, superficial subcutaneous adipose tissue; TNF-α, tumor necrosis 
factor-α; VAT, visceral adipose tissue.
FiGURe 1 | (A) Distribution of fat depots in the human. The white adipose tissue (WAT) is found in subcutaneous adipose tissue (SAT) abdominally (a), 
gluteofemorally (g), and intramuscularly (h). WAT is also found in the visceral adipose tissue (VAT). The visceral depots are omental (b), mesenteric (c), retroperitoneal 
(d), gonadal (e), and pericardial (f). Brown adipose tissue is found supraclavicularly (i) and in the subscapular region (j). (B) Those fat depots linked to increased risk of 
developing obesity-related morbidities and mortality are colored in red (13).
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The metabolic consequences of body fat and its distribution 
have received extensive attention in the literature. As rodents 
are by far the most commonly used pre-clinical model of human 
obesity (6–9), further validation of important commonalities and 
differences between rodent and humans are needed. Specifically, 
investigators should seriously consider to what extent their 
experimental approach and findings are translational. For 
instance, rodent adipose tissue deposition is strikingly dissimilar 
to humans, and adipocytes in these depots display metabolic 
heterogeneity and are intrinsically different within a species. 
As such, further research needs to focus on how specific rodent 
fat pads correspond, if at all, with fat depots in humans. To our 
knowledge, only two studies have compared gene expression in 
mouse fat pads to gene expression in analogous human fat depots 
(10, 11). Thus, given the general lack of information or discussion 
on this highly relevant topic, a systemic review of the literature in 
our view, is warranted.
FAT DePOTS veRSUS FAT PADS: 
ANATOMiCAL CONSiDeRATiONS
There are three main regional human anatomical fat depots: 
intra-abdominal, upper-body/abdominal subcutaneous, and 
lower body subcutaneous (Figure  1A) (12). Intra-abdominal 
refers to visceral adipose tissue (VAT), which surrounds the inner 
organs (13). VAT can further be divided into omental, mesen-
teric, retroperitoneal, gonadal, and pericardial. The upper-body 
subcutaneous adipose tissue (SAT) can be categorized depending 
on if it is situated superficial or deep to the fascia superficialis. 
The adipose tissue below the fascia is the deep subcutaneous 
adipose tissue (DSAT) compartment, whereas adipose tissue 
located superficially to this fascia is the superficial subcutaneous 
adipose tissue (SSAT) compartment (14, 15). Though SAT is 
distributed throughout the human body, the main depots are in 
the abdomen, buttocks, and thighs (16). The buttocks and thighs 
make up the lower body SAT and are termed the gluteofemoral 
depot (12, 13).
Like humans, adipose tissue in rodents is a multi-depot organ 
(Figure 2), but unlike humans, which have two main subcutane-
ous depots located in the abdominal and gluteofemoral region, 
rodents have two main subcutaneous pads located anteriorly and 
posteriorly. The anterior pad is located between the scapulae, 
descending from the neck to the axillae (17), while, the posterior 
pad, or inguinal fat pad, spreads from the dorsolumbar region to 
the gluteal region. The inguinal fat pad is comparable in terms 
of location to the large gluteofemoral subcutaneous depot in 
humans. Additionally, rodent SAT is separated from dermal 
adipose tissue by a smooth muscle layer, whereas, in humans, the 
SAT is continuous with dermal adipose tissue (17). Furthermore, 
there has been no evidence to our knowledge of multiple subcu-
taneous layers in rodents, such as is the case in humans.
Rodents harbor visceral fat pads in the perigonadal region, 
known as epididymal in males and periovarian in females, as well 
as retroperitoneal fat pads located on the kidneys, and the mesen-
teric fat pad located alongside the intestinal tract. The mesenteric 
fat pad is widely touted as the most analogous to human intra-
abdominal adipose tissue both in its location and biology, because 
it has access to the portal vein. However, this depot is not well 
studied in rodents due to limitations in its surgical manipulation 
FiGURe 2 | Distribution of fat pads in the mouse. The fat is composed of two subcutaneous pads and several visceral pads. The main white adipose tissue 
(WAT) pads are the inguinal and epididymal, with the latter being the most frequent dissected pad. Brown adipose tissue (BAT) is distributed throughout the fat pads 
with the main BAT depot in the interscapular region (18).
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and separation from contaminating vessels. The perigonadal fat 
pads are typically the largest and most readily accessible fat pads 
and, for these and other reasons, they are the most frequently 
used in the literature (19–21). However, humans do not harbor a 
fat depot analogous to these fat pads, which has led to the sugges-
tion that these pads should be considered “peri-visceral” rather 
than true visceral fat pads. Another difference between the two 
species is the ambiguity when referencing the omental depot in 
rodents. Though it is clearly defined and developed in humans, it 
is less so in rodents, leading some investigators to not reference 
the omental depot at all (13). However, based on the literature, it 
seems that the omental depot is present in the mouse, albeit in 
small quantities, and is similarly connected to the stomach, as it 
is in humans (22). Thus, although adipose tissue is a multi-depot 
organ in both humans and rodents, there are anatomical differ-
ences that should be taken into consideration.
FAT PAD AND DePOT DiSTRiBUTiON iN 
HeALTH AND DiSeASe
In humans, increased VAT is associated with an increased risk 
for insulin resistance and dyslipidemias (23), while being an 
independent risk factor for type II diabetes (24), hypertension 
(25), and all-cause mortality (26) (Figure 1B). By contrast, SAT 
is associated with improved or preserved insulin sensitivity, and 
mitigated risk of developing type II diabetes and other metabolic 
derangements (27, 28). Alternatively, it has been challenged 
whether VAT accumulation increases the risk for metabolic dys-
function (29, 30). Some have asserted that abdominal subcutane-
ous fat plays an independent role in developing an unfavorable 
metabolic profile (14, 31), dependent on how the subcutaneous 
fat is distributed among abdominal and gluteofemoral subcu-
taneous fat depots. In rats and mice, respectively, employing a 
lipectomy model, whereby the epididymal and retroperitoneal 
fat pads are surgically removed, improves insulin action, reduces 
tumorigenesis and improves longevity, independent of con-
founding factors (32–35). It deserves mentioning that surgically 
ablating the mesenteric fat pad in rodents cannot be sufficiently 
performed with current techniques due to the heavy innervation 
and vascularization of this tissue. Thus, given the general senti-
ment that rodent mesenteric fat is most analogous to the human 
intra-abdominal depot, it is tempting to speculate that the true 
importance of VAT gleaned from rodent lipectomy studies, has 
if anything, underestimated the “true” hazards associated with 
visceral adiposity. By contrast, some studies have shown that 
removal of omental fat in obese men and women in conjunc-
tion with gastric bypass surgery provided no added benefit to 
metabolic endpoints (36, 37). However, unlike rodent studies, 
where ~75% of visceral fat was removed, the omentum in obese 
subjects likely accounts for a small fraction (<10%) of total 
visceral adiposity, an amount that may have been insufficient to 
observe meaningful benefits.
Mechanistically, the benefits associated with SAT may be 
attributed to its ability to act as a metabolic “sink” to buffer against 
the daily influx of nutrients by providing long-term energy storage 
(38), thereby protecting against ectopic fat deposition and asso-
ciated lipotoxicity (3). Indeed, gluteofemoral fat in humans has 
been shown to have a protective role, such that it is independently 
associated with lower triglyceride levels (39), and higher concen-
tration of high-density lipoprotein cholesterol (40, 41). Studies 
have shown that femoral fat is associated with an elevated adipose 
tissue lipoprotein lipase activity (40, 42). Though the mechanisms 
responsible for depot differences in metabolic profiles still remain 
unclear, speculatively, gluteofemoral fat secretes more beneficial 
adipokines, as supported by studies in rodents (43), thereby 
producing less pro-inflammatory molecules compared to VAT 
(3). Indeed, it is widely believed that the deleterious effects of 
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elevated VAT can be attributed in part to an enhanced secretion of 
pro-inflammatory cytokines and the release of FFA, which have 
direct portal access to the liver (41, 44).
In humans, Jensen et al. (5) demonstrated that in moderately 
obese women, body fat distribution is predictive of FFA dysfunc-
tion, such that upper body obese women, but not lower body 
obese women, had an increased adipose tissue FFA release, when 
normalized for lean body mass. Furthermore, upper body obese 
women released almost twice the amount of calories as lower 
body obese individuals. Speculatively, the differences in meta-
bolic function between these two states could also be attributed 
to adipocyte hypertrophy, which occurred in the upper body 
obese women during weight gain, as opposed to hyperplasia, 
which was observed in the lower body obese. Therefore, the 
adipocytes in the lower body obese were still of normal size 
with more restrained lipolysis, while the upper body adipocytes 
were enlarged with increased lipolysis. Importantly, many of the 
hazardous metabolic sequelae secreted from adipose tissue have 
been linked to enlarged hypoxic adipocytes (45, 46).
In rodents, surgically transplanting subcutaneous fat has dem-
onstrated either no deleterious effect or even proven beneficial to 
the recipient in some reports. By contrast, when subcutaneous 
fat was removed from mice, there was a significant increase in 
serum triglycerides and basal insulinemic index, which implies a 
quantitative role for subcutaneous fat acting as a metabolic “sink” 
(9, 47). Likewise, subcutaneous, but not visceral fat transplants, 
improved glucose metabolism in mice, particularly when they 
were placed in the viscera (43). It should be noted that large-
volume liposuction (~10 kg) of subcutaneous fat in humans nei-
ther improved nor harmed the metabolic (48) or cardiovascular 
risk profile (49). Importantly, a redistribution of fat stores is a 
hallmark of aging and is characterized by a depletion of subcuta-
neous fat stores in older rodents and humans, which contributes 
to a simultaneous expansion of visceral and ectopic fat stores in 
sites such as liver, pancreas, bone, and skeletal muscle (50). Thus, 
taken together, these observations suggest that subcutaneous fat 
may be beneficial in both rodents and humans, not only via its 
own secretions but also by mitigating the accretion of fat in other 
more harmful sites with obesity and aging, including visceral and 
ectopic stores.
Beyond the contribution of VAT per se, an emerging associa-
tion with specific sites of SAT have been linked with increased 
metabolic dysfunction in humans (30, 31, 51). As previously 
stated, subcutaneous fat is divided into two layers: superficial and 
deep (14, 15). Johnson et al. (15) investigated abdominal adipose 
tissue in obese women and determined that the area of DSAT was 
highly correlated with the area of VAT. Similarly, Kelley et al. (52) 
examined both lean and obese men and women, and found that 
DSAT and VAT were both strongly correlated with glucose, insu-
lin, HDL, and triglycerides, whereas SSAT had a much weaker 
association, and more closely mirrored gluteofemoral SAT. Smith 
et al. (14) found that DSAT was correlated with VAT, as well as 
with fasting insulin levels. Because DSAT follows a pattern more 
associated with VAT, and SSAT parallels gluteofemoral adiposity, 
the location of adipose tissue sampling, either above or below the 
fascia, needs to be taken into account as these conclusions sup-
port the hypothesis that SAT is heterogeneous, having different 
physiological effects depending on depot location. Rodents do 
not harbor fat pads that are clearly analogous to the DSAT layer, 
though it is possible that the so-called peri-visceral fat pads 
(gonadal, retroperitoneal), which tracks with mesenteric fat mass, 
may be relevant candidates to explore in future studies.
SeXUAL DiMORPHiSM iN ADiPOSe 
TiSSUe ReGULATiON AND FUNCTiON
It has been recognized that the development of adipose 
depots during positive energy balance differs according to sex. 
Independent of BMI, women typically carry 10% more body 
fat than their male counterparts (53, 54). Demerath et  al. (55) 
found that women typically have greater total body fat than men. 
Additionally, compared to men, women have greater SAT in the 
abdominal and gluteofemoral depots, independent of total body 
fat (55, 56).
Not only does SAT area and volume differ between sexes, but 
also the spatial distribution of SAT. Regardless of race, women 
tend to harbor greater SAT in the lower abdomen, and in general, 
have lower visceral content than men (55, 56). One explanation 
for the increase in subcutaneous adiposity in women may be 
attributed to preferential increases in SSAT rather than in DSAT. 
The area of the deep subcutaneous depot is inversely associated 
with fasting insulin levels (14) and, in general, women have lower 
visceral content than men (55, 56). This may partially contribute 
to why, on average, pre-menopausal women tend to have healthier 
metabolic risk profiles compared to men, irrespective of total fat 
content. Nevertheless, it is acknowledged that additional factors, 
such as reproductive hormones and differential racial responses, 
influence both fat quantity and distribution.
As stated previously, women have more SAT than men, while 
men have more VAT than women (57). Thus, it is not surprising 
that leptin is a better correlate for body fat in females (58), as SAT 
secretes more leptin than VAT. By contrast, insulin is a better cor-
relate for body fat in males (58), as insulin is more related to VAT 
than SAT (57). Because of the aforementioned sex differences in 
fat deposition, and their relation with various co-morbidities, it 
is important to consider whether these sex differences similarly 
exist in rodents, in order to promote their pre-clinical value as a 
guide for relevant translational research.
To date, the sexual dimorphism seen in humans is less docu-
mented in rodents (59, 60), although some inferences have been 
made. For example, similar to humans, female rats have higher 
plasma leptin levels compared to male rats (58), independent of 
body composition differences (61). Consistent with these obser-
vations is the brain sensitivity to these hormones, with male rats 
demonstrating greater central sensitivity to insulin, while females 
were more responsive to leptin (58).
Similar to humans, female rodents harbor greater fat mass 
compared to their male counterparts, but remain more insulin 
sensitive. Macotela et al. (60) showed that isolated adipocytes from 
subcutaneous fat of female mice were more insulin sensitive than 
male-derived subcutaneous fat. However, when further examin-
ing inter-depot insulin sensitivity in female mice, the periovarian 
fat pad proved to be more insulin sensitive than the inguinal fat 
5Chusyd et al. Fat Pads versus Fat Depots
Frontiers in Nutrition | www.frontiersin.org April 2016 | Volume 3 | Article 10
pad (60), a finding that is at odds with data from humans, where 
the gluteofemoral depot has proven to be the most sensitive SAT in 
females (62), and is also more insulin sensitive than the VAT (63).
An additional similarity between the species is spatial pat-
terning of the adipose tissue with changes in sex hormones. 
Postmenopausal women preferentially redistribute adipose tissue 
from the gluteofemoral region to the abdomen, which mirrors 
the accrual of visceral fat observed with aging in men. Likewise, 
Grove et al. (59) demonstrated that ovariectomized female mice 
demonstrated a significant increase in adiposity similar to adipose 
tissue accumulation patterning in males, including an increase in 
total and visceral fat. However, whether ovariectomizing young 
rodents truly recapitulates female menopause in humans, which 
occurs during late-middle age, is debatable, and thus should be 
interpreted with caution.
Though similarities exist, other notable differences in regards 
to sex differences have been observed between species. One 
example is the fat pad composition and location associated with 
sex hormones (i.e., estrogen and testosterone) in rodents. For 
instance, the inguinal white adipose tissue (WAT) of female mice 
contains mammary glands, while the gonadal fat pad is situated 
near the reproductive tissue. This is not the case in humans, 
where the mammary glands are located in the breast tissue. 
Furthermore, unlike their male counterparts, several strains of 
female mice are relatively resistant to obesity on a high-fat diet 
(64, 65), but this protection can be removed by ovariectomizing 
the animal (66, 67). Thus, while fat patterning in adult females 
seems to be influenced strongly by reproductive hormones, overt 
protection against weight gain and obesity does not seem to be a 
shared characteristic between female rodents and humans.
weiGHT LOSS
Regardless of sex, obese individuals undergoing weight loss 
preferentially decrease their VAT compared to SAT (68). Indeed, 
significant volumes of VAT are lost when subjected to caloric 
restriction (CR) and/or a physical activity intervention (69). 
Additionally, when SAT is mobilized in obese individuals, there 
is a greater increase in lipid mobilization in the abdominal region 
compared to the gluteofemoral region (8, 70, 71), which shows 
only a minimal change in mobilization (71). This preferential 
reduction in abdominal adipose tissue is consistent with the 
observation that adipocytes from the omental and mesenteric 
depots are more lipolytically active, when compared to adipocytes 
found in the gluteofemoral region (72–74).
When male rodents are subjected to CR or leptin treatment, 
an examination of weight loss effects on adipose tissue volume 
and spatial distribution (8, 75) reveals a preferential reduction in 
VAT compared with other adipose depots (76), while some have 
shown that male rodents lose both VAT and SAT (77). Similarly, 
female mice tend to conserve their SAT by preferentially reducing 
their visceral fat stores (77). This would be somewhat analogous 
to human studies, where both men and women reduce their vis-
ceral fat stores, with a greater extent occurring in men compared 
to women (78, 79).
Furthermore, as the majority of people who undergo diet-
induced weight reduction regain the lost weight over time, it 
is important to determine if the same phenomenon is seen in 
rodents. Male mice exposed to ad  libitum feeding following 
CR-induced weight loss demonstrated gains in both visceral 
and subcutaneous fat stores. However, female mice did not 
follow this same pattern, and were less capable of regaining 
visceral fat after weight loss (77). Speculatively, this may be 
attributed to reproductive hormones or to sex differences in 
leptin concentrations. Circulating leptin decreases with CR, 
but increases with ad libitum feeding in male mice, presumably 
due to increases in adiposity and food intake. In female mice, 
leptin patterns appear to differ from males. For example, while 
leptin concentrations are similarly reduced with CR in females 
(6, 80), they remain reduced after refeeding, as compared to 
ad  libitum-fed controls (80), while others have shown leptin 
levels unchanged in response to either CR or refeeding (77). 
Irrespective of weight loss and body composition, women have 
higher levels of leptin compared to men (55), but both obese 
men and women who undergo CR, proportionately decrease 
leptin levels with the reduction of total fat, as well as visceral 
and subcutaneous fat (68). Interestingly, in children, when 
adjusting for body composition and fat deposition, sex has no 
independent effect on leptin concentrations (81). In addition, 
adults attempting to lose weight tend to engage in multiple 
episodes of weight loss and regain (e.g., weight cycling); thus, 
it is important to examine the effects of this flux in body 
composition and fat deposition on leptin concentration in 
adult humans. Interestingly, the association between leptin 
concentration and weight cycling holds true for females, but 
not for males (82). Importantly, the fact that both female and 
male mice show an increase in fat deposition after CR in a 
manner reminiscent of humans during weight regain suggests 
that rodents may be an informative model toward elucidating 
many sexually dimorphic traits related to fluctuations in energy 
balance and storage (83).
LiPOLYSiS
Lipolysis, which is the active breakdown of triglycerides to 
FFAs and glycerol, has been widely studied in both rodents and 
humans. Many striking similarities in the regulation of lipolysis 
exist among species, including stimulation by catecholamines, 
growth hormone, testosterone, and cortisol (corticosterone 
in rodents), as well as inhibition by insulin. Lipolysis can be 
stimulated in rodents and humans under similar physiological 
contexts, including fasting, exercise, and stress. While, activation 
of the sympathetic nervous system and subsequent release of 
epinephrine, norepinephrine, and cortisol represents a major 
driver of lipolysis in humans (84) and rodents (85), important 
differences between rodents and humans exist in how some of 
these pathways drive lipolysis.
Catecholamine-driven lipolysis, which occurs by activating 
three different β-adrenergic receptor (AR) subtypes, β1, β2, and 
β3, provides one important example. ARs are coupled to a Gα 
subunit, and catecholamine induced activation leads to a cascade 
of events culminating in lipolysis, including increased cAMP by 
adenylyl cyclase, activation of protein kinase A, and activation of 
hormone-sensitive lipase, enabling its translocation to the lipid 
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droplets to catalyze the hydrolysis of triglycerides (86). Both 
β1-AR and β2-AR are ubiquitously expressed in rodents and 
humans, whereas β3-AR expression is more tissue and species 
specific, with expression confined to WAT in rodents, while only 
being marginally expressed in human adipocytes (87). Indeed β3-
adrenergic agonists induce a lipolytic response in rodents (88), 
but fail to significantly stimulate lipolysis in human adipocytes, 
in vitro (89) and in vivo (90).
In humans, α2-ARs, as compared to β-ARs, are highly 
expressed in SAT, and have a greater affinity for catechola-
mines (91), while this G-coupled protein receptor is absent in 
rodent adipocytes. In humans, α2-AR acts to inhibit lipolysis 
by decreasing cAMP levels. Indeed catecholamine activation 
of α2-ARs in non-obese humans has been shown to partially 
down regulate lipolysis in SAT (92). Further support of α2-AR 
regulating lipolysis was gleamed from rodent studies whereby 
the human α2-AR was expressed in transgenic mice on a β3-
AR knockout background. Specifically, these animals exhibited 
a blunted catecholamine-stimulated lipolysis response and an 
obese phenotype (93). Therefore, it appears a balance between 
α2-AR and β-AR is necessary for lipolysis regulation, at least in 
humans (87).
Historically, the major circulating factors regulating lipolysis in 
human WAT have been appreciated to be catecholamines, growth 
hormone, cortisol, testosterone, and ghrelin (94). However, more 
recently, it has been shown that natriuretic peptide [extensively 
reviewed in Ref. (95)] induces lipolysis in  vitro and in  vivo 
(96), independently of the catecholamine-AR pathway (97), 
via a cGMP-dependent mechanism (96). However, natriuretic 
peptide lipolysis is apparently primate specific. Sengenès and 
colleagues showed that only primate adipocytes (i.e., humans 
and macaques) showed natriuretic peptide-induced lipolysis, 
while this effect was absent in rats, mice, hamsters, and other 
non-rodent mammals.
In summary, important similarities exist in the biology 
of rodent and human adipose tissue lipolysis, but as we have 
discussed, many important distinctions have been identified 
that warrant consideration when utilizing rodent models. 
Such differences are apparent in the species specificity of β-AR 
expression on adipocytes, and the distinct roles of α2-ARs and 
natriuretic peptide in regulating human, but not rodent adipose 
tissue lipolysis. Likewise, some lipolytic agents active in rodent 
adipocytes fail to have similar effects in human adipocytes (91). 
For example, adrenocorticotropic hormone (ACTH) induces 
lipolysis in mouse (98) and rat adipocytes (99, 100), respectively, 
while alpha-melanocyte-stimulating hormone (αMSH) was also 
shown to modulate murine adipocytes (101). However, neither 
ACTH or αMSH – induce lipolytic activity in human adipocytes 
(98, 102). Therefore, it is important to balance and account for 
these important differences against commonalities in the biology 
of adipose tissue lipolysis among species.
FAT PADS AND FAT DePOTS AS AN 
eNDOCRiNe ORGAN
Adipose tissue, which is made up of numerous cell types, including 
pre-adipocytes, adipocytes, T cells, B cells, and stromovascular 
cells, is now appreciated as an active endocrine organ, capable 
of secreting numerous humoral factors. Indeed, systemic levels 
of adipokines, including leptin, interleukin (IL) 1-β, IL-6, and 
tumor necrosis factor-α (TNF-α), are actively secreted and levels 
rise with increasing fat mass. On the other hand, adiponectin has 
been linked to many beneficial effects, but levels correlate nega-
tively with increasing adiposity (103). Because these adipokines 
have pleiotropic actions, including extensive metabolic effects, it 
is important to determine if secretion is similar among humans 
and rodents with respect to depot location.
As mentioned previously, leptin is preferentially secreted in 
humans from peripheral subcutaneous depots at a higher rate 
than from VAT (103, 104), indicating that subcutaneous fat is a 
chief source of leptin production. Likewise, leptin expression was 
shown to be greater in rat inguinal as compared to epididymal fat 
pads (105). IL-6 is another important cytokine that is produced 
in significant amounts from adipose tissue. Mohamed-Ali et al. 
(106) showed that SAT is capable of producing IL-6, while Fontana 
et al. (103) demonstrated that IL-6 secretion is greater from VAT 
than from SAT in obese individuals (103). Furthermore, IL-6 
levels are elevated in middle-aged men with visceral adiposity, 
as compared to lean men, and adjusting for visceral fat accounts 
for the rise in IL-6 with visceral obesity (107). Other fat-derived 
factors, such as TNF-α, show similar secretion patterns in VAT 
and SAT in humans (103), but adipose-derived TNF-α has been 
suspected to act in more an autocrine/paracrine rather than 
endocrine manner.
The data are less clear for adiponectin secretion from different 
human depots. Phillips et al. (108) showed that SAT secretes more 
adiponectin compared to VAT, while obese individuals demon-
strate impaired total adiponectin secretion from SAT, but not from 
VAT depots (109). Meanwhile, some have reported no significant 
difference in total adiponectin secretion between subcutaneous 
and visceral adipocytes (103, 109), while others have shown that 
cultured visceral adipocytes secrete more adiponectin compared 
to subcutaneous adipocytes (104). Likewise, adiponectin expres-
sion from rat epididymal fat pads was significantly greater than 
that from inguinal fat (105).
In regard to evidence from rodents, a microarray study in 
isolated epididymal and inguinal fat pads from rats first showed 
marked differences in these tissues, including increased expres-
sion of resistin, angiotensinogen, adiponectin, and PPARγ in 
epididymal tissue, while inguinal fat demonstrated greater 
expression of PAI-1 and leptin. Studies have also assessed the 
effect of surgically removing the epididymal and perinephric 
fat pads on circulating levels of adipokines. Pitombo et al. (110) 
showed selective ablation of these fat pads restored insulin action 
and normalized TNF-α, IL-6, and adiponectin levels. By contrast, 
surgical removal of visceral fat pads in a male and female mouse 
model of intestinal cancer fed a high-fat diet led to sexually 
dimorphic responses. In males, lipectomy reduced adiponectin 
levels, but did not alter other adipokines, presumably due in part 
to a compensatory expansion of the mesenteric fat pad (6). By 
contrast, females had higher circulating levels of adiponectin 
than males, and while lipectomy reduced circulating levels, they 
remained at higher concentrations than observed in control 
males. Furthermore, no compensatory change was observed in 
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mesenteric fat pad mass in females, but leptin levels were sig-
nificantly elevated, suggesting the expansion of subcutaneous fat 
stores. Unfortunately, the literature does not provide additional 
information regarding adipokine secretion in rodent models in 
relation to specific fat pads.
Finally, almost all studies evaluating circulating levels of adi-
pokines are conducted according to clinical trial protocols, which 
often require the patient to fast overnight prior to blood sampling. 
However, measuring levels and expression patterns under basal 
conditions may be misleading as it is now recognized that nutri-
ents can provoke the expression and production of adipokines 
from adipose tissue. Indeed, most humans (and rodents) spend 
the majority of their day in the postprandial state, and as a result, 
the expression and secretion of adipokines from fat depots and 
fat pads may be severely underestimated. Einstein et  al. (111) 
first showed that when rats were exposed to hyperglycemia and 
hyperinsulinemia, expression of several peptides in fat, includ-
ing resistin, adiponectin, leptin, PAI-1, and angiotensinogen, 
was markedly increased by 2- to 10-fold in epididymal fat pads, 
but less dramatically in subcutaneous fat. Similar patterns were 
also observed when animals were challenged with glucosamine 
(112) or FFA (113), and some of these responses were further 
exaggerated in aging rats. Similarly, Kishore et al. (114) showed 
in humans that adipose-derived factors from subcutaneous fat 
potentiate PAI-1 secretion from macrophages in response to 
FFAs. Furthermore, this response is similarly exaggerated in 
macrophages obtained from middle-aged versus younger-adult 
subjects (115). Mechanistically, these effects have been linked to 
increased flux through the hexosamine biosynthetic pathway as 
well as TLR4 receptors. It is also important to keep in mind that 
these comparisons, while informative, are made on a per mil-
ligram tissue or mRNA basis and do not necessarily account for 
the absolute fat pad size and, hence, overall contribution to whole 
body levels in vivo. Thus, given the inherent size of the visceral 
pads in relation to the inguinal tissue in rodents, the contribution 
of visceral fat to these secreted factors, particularly in response to 
nutrients, could be quite large. However, the relative contribu-
tion of visceral fat-derived cytokine release to the overall nutrient 
response in vivo, has not been carefully evaluated. Nevertheless, 
based on the current literature, it appears that adipokine secretion 
patterns in humans are predominantly similar to what has been 
shown in rodent studies.
HORMONAL AND GeNeTiC FACTORS 
GOveRNiNG FAT PAD DeveLOPMeNT 
AND eXPANSiON
As mentioned, many uncertainties remain regarding the mecha-
nistic underpinnings responsible for the physiological differences 
among depots. During weight gain, different depots enlarge via 
hyperplasia, hypertrophy, or both (116), with new adipocytes 
generating more readily in some depots compared to others. 
The inter-depot physiological enlargement differences are likely 
influenced by both extrinsic and intrinsic factors.
Genetic factors have also been shown to influence the distri-
bution of adipose tissue (117–119). The BMI of an individual is 
highly heritable and can possibly account for as much as 70% of 
the variance (117). However, C57BL/6 mice, which are inbred, 
and theoretically should be identical genetically, demonstrate 
marked variance in body mass, adiposity, and feeding behavior, 
even when the mice are fed the same diet type (120), perhaps due 
to epigenetic effects (121).
Although genetic factors have been implicated in fat pad 
growth and expansion, the genetic underpinnings controlling 
these processes are not as well understood. A few investigations 
have been conducted to elucidate the gene(s) that moderate the 
distribution of adiposity. Recently, Loh et al. (122) showed LRP5 
is involved in fat distribution. Individuals with gain-of-function 
LRP5 mutations are characterized with increased lower-body fat 
accumulation, compared to age-, sex-, and BMI-matched con-
trols. However, more attention has focused recently on adipocytes 
from different depots, which have shown differential gene expres-
sion (105, 119, 123) and proliferative capacity (124, 125). When 
examining the transcripts that differed around a quarter were 
found to be developmental regulators (126–128), in particular 
the homeobox (HOX) superfamily of genes. Investigations have 
now started to actively examine differential HOX gene expression 
between depots in order to assist in determining the underpin-
nings of abdominal versus gluteofemoral adiposity (10, 123, 128, 
129). A summary of the HOX gene network in rodent and human 
adipose tissue is provided in Table 1.
In addition to genetic contributors, structural and hormonal 
regulators have been shown to influence fat distribution. Scherer 
and colleagues (132) examined extracellular matrix components 
of adipose tissue, specifically collagen VI, under different meta-
bolic conditions. In the absence of collagen VI, adipocytes were 
capable of unrestricted expansion, resulting in further lipid storage 
and a reduction in ectopic fat deposition (132). Interestingly, even 
with greater fat expansion, under both high-fat diet conditions 
and on an ob/ob background, collagen VI knockouts compared to 
controls had improved metabolic phenotypes. To determine if a 
similar relationship between increased collagen VI and metabolic 
stress existed in humans, Scherer and colleagues investigated 
an Asian Indian population due to their propensity to be more 
insulin resistant compared to BMI-matched Caucasians (133). 
Collagen VI alpha 3 (col6a3), a major adipocyte-derived secre-
tory protein with increased expression during states of metabolic 
stress in ob/ob and db/db mice, was compared between Asian 
Indian and control matched Caucasians. Similar to the rodent 
models, col6a3 expression was significantly greater in abdominal 
and gluteal subcutaneous adipose depots in the investigated 
Asian Indians (132). Collectively, there is evidence that in terms 
of collagen VI, there may be similar adipocyte physiology in both 
rodents and humans that may inhibit expansion of adipose tissue.
Similar to the collagen VI model, overexpression of adiponec-
tin in ob/ob mice lead to an increase in adipocyte cell number 
and, thus, increased adipose tissue mass, specifically SAT (134). 
However, even with the observed hypertrophy, the unrestricted 
expansion of adipose tissue associated with elevated adiponectin 
levels resulted in a major improvement in the overall metabolic 
phenotype, even in an obese state (134). The authors speculated 
that the improvement in metabolic parameters was partially 
attributed to increased PPARγ activity in adipocytes, leading 
TABLe 1 | expression patterns of the HOX gene network in human fat 
depots and mouse fat pads.
Human Mouse
GeNe SubQ visceral SubQ visceral
HOXA1a
HOXA3a X
HOXA4a X X
HOXA5a X
HOXA10a
HOXA11a
HOXB1a X
HOXB2a X
HOXB5a X
HOXB8a X
HOXB13a X
HOXC4a
HOXC6a X X
HOXC11a X
HOXA10b X
HOXC6b X
HOXA2c X
HOXA3c X
HOXA4 X
HOXA5c X
HOXA9c X
HOXA10c X
HOXB7c X
HOXB8c X
HOXC8c X
HOXC13c X
IRX2c
HOXA5d X
HOXC8d X X
HOXC9 Xf Xd Xd
Nr2f1 X X
Gpc4d X X
Thbdd X X
shox2d X X
Tbx15d X X
En1d X X
Sfrp2d X X
EN1e X X
HOXA2e X
HOXA4 X
HOXA5e X
HOXA9e X
HOXA10e X
HOXC6e X
HOXC8e X
HOXC10e,f X
Data were obtained from Cantille et al. (130)a, Vohl et al. (123)b, Karastergiou et al. 
(128)c, Gesta et al. (10)d, Tchkonia et al. (126)e, and Brune et al. (131)f.
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to a redistribution of lipids from ectopic sites to SAT. Likewise, 
increased adiponectin levels may also play a role in human obesity. 
Bouatia-Naji and colleagues (135) investigated common single 
nucleotide polymorphisms (SNPs) in the ACDC adiponectin 
encoding gene in French Caucasians and concluded that hyper-
adiponectinemia may be associated with severe obesity.
Adiponectin levels are also increased in growth hormone 
receptor knockout (GHRKO) mice (136), likely because adi-
ponectin is negatively regulated by GH (137). Similar to the above 
transgenic models, GHRKO mice are characterized by greater 
relative amounts of body fat in both males and females, with a 
disproportionate amount of fat deposition in SAT (138). In spite 
of harboring greater amounts of adipose tissue, GHRKO mice 
are metabolically healthy, an effect attributed to their increased 
adiponectin levels (139). Interestingly, Laron dwarfism, which 
is a human syndrome characterized by defective GH signaling, 
is characterized by obesity, in spite of a small stature, but these 
individuals are protected against type 2 diabetes (140) and have 
elevated adiponectin levels (141). Thus, humans and rodents 
may have a similar response to reduced GH/IGF-1 signaling and 
associated increased levels of adiponectin on fat accretion and 
patterning as well as glucose metabolism.
Glucocorticoids also influence adipose tissue differentia-
tion, function, and distribution. High levels of glucocorticoids 
partially contribute to visceral obesity in conjunction with 
diabetes, hyperlipidemia, and hypertension (142, 143). One 
mechanism for the production of glucocorticoids is through the 
enzyme 11-β-hydroxysteroid dehydrogenase type 1 (11β HSD-
1). Interestingly, Masuzaki and colleagues (144) created a mouse 
model overexpressing 11β HSD-1 selectively in adipose tissue 
that reflected 11β HSD-1 levels observed in adipose tissue from 
obese humans, who are reported to have increased 11β HSD-1 
activity. They observed that a modest increase in 11β HSD-1 
activity was sufficient to induce hyperphagia and increased VAT 
accumulation. Furthermore, the increased VAT accumulation 
was attributed to significantly greater glucocorticoid receptor 
alpha isoform expression in mesenteric compared to SAT. In 
addition, increased corticosterone release into the portal vein 
of rodents may contribute to the observed rise in portal FFA 
levels, which parallels the increase in FFA levels in humans char-
acterized by high circulating cortisol and metabolic syndrome 
(145–148). Collectively, it appears that structural and hormonal 
factors associated with increases in adipose tissue are largely 
similar in both humans and rodents. Therefore, rodents appear 
to be a viable model of human adipose tissue regulation by many 
common hormonal factors.
CONCLUSiON
It is understood that not all obese individuals are at the same 
risk for developing metabolic perturbations and that body fat 
distribution is an important determinant of obesity-related 
complications. Individuals with increased upper-body adiposity 
are disproportionately burdened by obesity-related diseases, 
compared to lower-body obese individuals. Thus, it is paramount 
that studies continue to elucidate the pathways linking various 
adipose pads and depots in relation to health and disease, as 
well as the mechanistic underpinnings dictating how body fat is 
distributed in order to answer fundamental questions. Rodents 
are commonly used to model features of human metabolism 
and obesity, yet it is unclear to what extent rodent fat pads are a 
suitable model of human fat depots. Here, we have highlighted 
examples of both shared and divergent traits among rodent fat 
pads and human fat depots. Given some of the stark differences 
in adipose tissue location and function among species, we urge 
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careful consideration in experimental design and interpretation 
when attempting to draw definitive parallels between rodent fat 
pads and human fat depots.
AUTHOR CONTRiBUTiONS
DC, DW, DH, and TN participated in the writing of this review 
paper. DC and TN conceived the original idea.
FUNDiNG
This work was supported in part by the UAB Nutrition Obesity 
Research Center (P30DK056336), the Diabetes Research Center 
(P30DK079626), and the Nathan Shock Center on Aging 
(P30AG050886). DC is supported by the National Heart, Lung, 
and Blood Institute (T32HL105349). DH is supported by NIA 
R00AG037574 and the Einstein-Sinai Diabetes Research Center 
(P30DK20541).
ReFeReNCeS
1. Deurenberg P, Yap M, van Staveren WA. Body mass index and percent body 
fat: a meta analysis among different ethnic groups. Int J Obes Relat Metab 
Disord (1998) 22(12):1164. doi:10.1038/sj.ijo.0800741 
2. Grundy SM, dams-Huet BA, Vega GL. Variable contributions of fat content 
and distribution to metabolic syndrome risk factors. Metab Syndr Relat 
Disord (2008) 6(4):281–8. doi:10.1089/met.2008.0026 
3. Manolopoulos K, Karpe F, Frayn K. Gluteofemoral body fat as a determinant 
of metabolic health. Int J Obes (2010) 34(6):949–59. doi:10.1038/ijo.2009.286 
4. Koster A, Stenholm S, Alley DE, Kim LJ, Simonsick EM, Kanaya AM, et al. 
Body fat distribution and inflammation among obese older adults with and 
without metabolic syndrome. Obesity (Silver Spring) (2010) 18(12):2354–61. 
doi:10.1038/oby.2010.86 
5. Jensen MD, Haymond MW, Rizza RA, Cryer PE, Miles JM. Influence of body 
fat distribution on free fatty acid metabolism in obesity. J Clin Invest (1989) 
83(4):1168–73. doi:10.1172/JCI113997 
6. Huffman DM, Augenlicht LH, Zhang X, Lofrese JJ, Atzmon G, Chamberland 
JP, et al. Abdominal obesity, independent from caloric intake, accounts for 
the development of intestinal tumors in Apc1638N/+ female mice. Cancer 
Prev Res (2013) 6(3):177–87. doi:10.1158/1940-6207.CAPR-12-0414 
7. Soukas A, Cohen P, Socci ND, Friedman JM. Leptin-specific patterns of 
gene expression in white adipose tissue. Genes Dev (2000) 14(8):963–80. 
doi:10.1101/gad.14.8.963 
8. Barzilai N, Wang J, Massilon D, Vuguin P, Hawkins M, Rossetti L. Leptin 
selectively decreases visceral adiposity and enhances insulin action. J Clin 
Invest (1997) 100(12):3105–10. doi:10.1172/JCI119865 
9. Weber RV, Buckley MC, Fried SK, Kral JG. Subcutaneous lipectomy causes 
a metabolic syndrome in hamsters. Am J Physiol Regul Integr Comp Physiol 
(2000) 279(3):R936–43. 
10. Gesta S, Blüher M, Yamamoto Y, Norris AW, Berndt J, Kralisch S, et  al. 
Evidence for a role of developmental genes in the origin of obesity and 
body fat distribution. Proc Natl Acad Sci U S A (2006) 103(17):6676–81. 
doi:10.1073/pnas.0601752103 
11. Cypess AM, White AP, Vernochet C, Schulz TJ, Xue R, Sass CA, et  al. 
Anatomical localization, gene expression profiling and functional char-
acterization of adult human neck brown fat. Nat Med (2013) 19(5):635–9. 
doi:10.1038/nm.3112 
12. Tchkonia T, Thomou T, Zhu Y, Karagiannides I, Pothoulakis C, Jensen MD, 
et al. Mechanisms and metabolic implications of regional differences among 
fat depots. Cell Metab (2013) 17(5):644–56. doi:10.1016/j.cmet.2013.03.008 
13. Bjørndal B, Burri L, Staalesen V, Skorve J, Berge RK. Different adipose 
depots: their role in the development of metabolic syndrome and mito-
chondrial response to hypolipidemic agents. J Obes (2011) 2011:490650. 
doi:10.1155/2011/490650 
14. Smith SR, Lovejoy JC, Greenway F, Ryan D, deJonge L, de la Bretonne J, et al. 
Contributions of total body fat, abdominal subcutaneous adipose tissue 
compartments, and visceral adipose tissue to the metabolic complications 
of obesity. Metabolism (2001) 50(4):425–35. doi:10.1053/meta.2001.21693 
15. Johnson D, Dixon AK, Abrahams PH. The abdominal subcuta-
neous tissue: computed tomographic, magnetic resonance, and 
anatomical observations. Clin Anat (1996) 9:19–24. doi:10.1002/
(SICI)1098-2353(1996)9:1<19::AID-CA4>3.0.CO;2-V 
16. Gesta S, Tseng Y-H, Kahn CR. Developmental origin of fat: tracking obesity 
to its source. Cell (2007) 131(2):242–56. doi:10.1016/j.cell.2007.10.004 
17. Cinti S. The adipose organ. In: Fantuzzi G, Mazzone T, editors. Nutrition 
and Health: Adipose tissue and Adipokines in Health and Disease. Totowa: 
Humana Press (2007). p. 3–19.
18. Steel JH, White R, Parker MG. Role of the RIP140 corepressor in ovulation 
and adipose biology. J Endocrinol (2005) 185:1–9. doi:10.1677/joe.1.05896 
19. Neuhofer A, Zeyda M, Mascher D, Itariu BK, Murano I, Leitner L, et  al. 
Impaired local production of proresolving lipid mediators in obesity and 
17-HDHA as a potential treatment for obesity-associated inflammation. 
Diabetes (2013) 62(6):1945–56. doi:10.2337/db12-0828 
20. Blüher M, Michael MD, Peroni OD, Ueki K, Carter N, Kahn BB, et al. Adipose 
tissue selective insulin receptor knockout protects against obesity and obe-
sity-related glucose intolerance. Dev Cell (2002) 3(1):25–38. doi:10.1016/
S1534-5807(02)00199-5 
21. Chang YC, Yu YH, Shew JY, Lee WJ, Hwang JJ, Chen YH, et al. Deficiency 
of NPGPx, an oxidative stress sensor, leads to obesity in mice and human. 
EMBO Mol Med (2013) 5(8):1165–79. doi:10.1002/emmm.201302679 
22. Frontini A, Cinti S. Distribution and development of brown adipocytes 
in the murine and human adipose organ. Cell Metab (2010) 11(4):253–6. 
doi:10.1016/j.cmet.2010.03.004 
23. Wajchenberg BL, Giannella-Neto D, da Silva ME, Santos RF. Depot-specific 
hormonal characteristics of subcutaneous and visceral adipose tissue and 
their relation to the metabolic syndrome. Horm Metab Res (2002) 34(11–
12):616–21. doi:10.1055/s-2002-38256 
24. Boyko EJ, Fujimoto WY, Leonetti DL, Newell-Morris L. Visceral adiposity 
and risk of type 2 diabetes: a prospective study among Japanese Americans. 
Diabetes Care (2000) 23(4):465–71. doi:10.2337/diacare.23.4.465 
25. Hayashi T, Boyko EJ, Leonetti DL, McNeely MJ, Newell-Morris L, Kahn SE, 
et al. Visceral adiposity and the risk of impaired glucose tolerance: a prospec-
tive study among Japanese Americans. Diabetes Care (2003) 26(3):650–5. 
doi:10.2337/diacare.26.3.650 
26. Kuk JL, Katzmarzyk PT, Nichaman MZ, Church TS, Blair SN, Ross R. Visceral 
fat is an independent predictor of all-cause mortality in men. Obesity (Silver 
Spring) (2006) 14(2):336–41. doi:10.1038/oby.2006.43 
27. Misra A, Garg A, Abate N, Peshock RM, Stray-Gundersen J, Grundy SM. 
Relationship of anterior and posterior subcutaneous abdominal fat to 
insulin sensitivity in nondiabetic men. Obes Res (1997) 5(2):93–9. doi:10.10
02/j.1550-8528.1997.tb00648.x 
28. Snijder MB, Zimmet PZ, Visser M, Dekker JM, Seidell JC, Shaw JE. 
Independent and opposite associations of waist and hip circumferences with 
diabetes, hypertension and dyslipidemia: the AusDiab Study. Int J Obes Relat 
Metab Disord (2004) 28(3):402–9. doi:10.1038/sj.ijo.0802567 
29. Seidell JC, Bouchard C. Visceral fat in relation to health: is it a major culprit 
or simply an innocent bystander? Obesity (1997) 21:626–31. 
30. Frayn KN. Visceral fat and insulin resistance – causative or correlative? Br 
J Nutr (2000) 83(Suppl S1):S71–7. doi:10.1017/S0007114500000982 
31. Abate N, Garg A, Peshock RM, Stray-Gundersen J, Adams-Huet B, Grundy 
SM. Relationship of generalized and regional adiposity to insulin sensitivity 
in men with NIDDM. Diabetes (1996) 45(12):1684–93. doi:10.2337/
diabetes.45.12.1684 
32. Gabriely I, Ma XH, Yang XM, Atzmon G, Rajala MW, Berg AH, et al. Removal 
of visceral fat prevents insulin resistance and glucose intolerance of aging: an 
adipokine-mediated process? Diabetes (2002) 51(10):2951–8. doi:10.2337/
diabetes.51.10.2951 
33. Barzilai N, She L, Lin BQ, Vuguin P, Cohen P, Wang J, et al. Surgical Removal 
of Visceral Fat Reverses Hepatic Insulin Resistance. Diabetes (1999) 48:94–8. 
10
Chusyd et al. Fat Pads versus Fat Depots
Frontiers in Nutrition | www.frontiersin.org April 2016 | Volume 3 | Article 10
34. Lu YP, Lou YR, Bernard JJ, Peng QY, Li T, Lin Y, et al. Surgical removal of 
the parametrial fat pads stimulates apoptosis and inhibits UVB-induced 
carcinogenesis in mice fed a high-fat diet. Proc Natl Acad Sci U S A (2012) 
109(23):9065–70. doi:10.1073/pnas.1205810109 
35. Muzumdar R, Allison DB, Huffman DM, Ma X, Atzomn G, Einstein FH, et al. 
Visceral Adipose Tissue Modulates Mammalian Longevity. Aging Cell (2008) 
7(3):438–40. doi:10.1111/j.1474-9726.2008.00391.x 
36. Fabbrini E, Tamboli RA, Magkos F, Marks-Shulman PA, Eckhauser AW, 
Richards WO, et al. Surgical removal of omental fat does not improve insulin 
sensitivity and cardiovascular risk factors in obese adults. Gastroenterology 
(2010) 139(2):448–55. doi:10.1053/j.gastro.2010.04.056 
37. Herrera MF, Pantoja JP, Velázquez-Fernández D, Cabiedes J, Aguilar-Salinas 
C, García-García E, et  al. Potential additional effect of omentectomy on 
metabolic syndrome, acute-phase reactants, and inflammatory mediators in 
grade III obese patients undergoing laparoscopic Roux-en-Y gastric bypass: a 
randomized trial. Diabetes Care (2010) 33(7):1413–8. doi:10.2337/dc09-1833 
38. Thomou T, Tchkonia T, Kirkland JL. Cellular and molecular basis of 
functional differences among fat depots. In: Leff T, Granneman J, editors. 
Adipose Tissue in Health and Disease. Weinheim: Wiley-VCH (2002). 
p. 21–47.
39. Snijder MB, Visser M, Dekker JM, Goodpaster BH, Harris TB, Kritchevsky 
SB, et al. Low subcutaneous thigh fat is a risk factor for unfavourable glucose 
and lipid levels, independently of high abdominal fat. The Health ABC study. 
Diabetologia (2005) 48(2):301–8. doi:10.1007/s00125-004-1637-7 
40. Bos G, Snijder MB, Nijpels G, Dekker JM, Stehouwer CD, Bouter LM, et al. 
Opposite contributions of trunk and leg fat mass with plasma lipase activities: 
the Hoorn study. Obes Res (2005) 13(10):1817–23. doi:10.1038/oby.2005.221 
41. Seidell JC, Pérusse L, Després JP, Bouchard C. Waist and hip circumferences 
have independent and opposite effects on cardiovascular disease risk factors: 
the Quebec family study. Am J Clin Nutr (2001) 74(3):315–21. 
42. Pouliot MC, Després JP, Moorjani S, Lupien PJ, Tremblay A, Nadeau A, 
et  al. Regional variation in adipose tissue lipoprotein lipase activity: asso-
ciation with plasma high density lipoprotein levels. Eur J Clin Invest (1991) 
21(4):398–405. doi:10.1111/j.1365-2362.1991.tb01387.x 
43. Tran TT, Yamamoto Y, Gesta S, Kahn CR. Beneficial effects of subcutane-
ous fat transplantation on metabolism. Cell Metab (2008) 7(5):410–20. 
doi:10.1016/j.cmet.2008.04.004 
44. Bjorntorp P. “Portal” adipose tissue as a generator of risk factors for 
cardiovascular disease and diabetes. Arteriosclerosis (1990) 10(4):493–6. 
doi:10.1161/01.ATV.10.4.493 
45. Blüher M. Adipose tissue dysfunction in obesity. Exp Clin Endocrinol 
Diabetes (2009) 117(6):241–50. doi:10.1055/s-0029-1192044 
46. Hosogai N, Fukuhara A, Oshima K, Miyata Y, Tanaka S, Segawa K, et  al. 
Adipose tissue hypoxia in obesity and its impact on adipocytokine dysregu-
lation. Diabetes (2007) 56(4):901–11. doi:10.2337/db06-0911 
47. Palacios E, Piñon-López MJ, Racotta IS, Racotta R. Effect of lipectomy and 
long-term dexamethasone on visceral fat and metabolic variables in rats. 
Metabolism (1995) 44(12):1631–8. doi:10.1016/0026-0495(95)90086-1 
48. Klein S, Fontana L, Young VL, Coggan AR, Kilo C, Patterson BW, et al. Absence 
of an effect of liposuction on insulin action and risk factors for coronary heart 
disease. N Engl J Med (2004) 350(25):2549–57. doi:10.1056/NEJMoa033179 
49. Mohammed BS, Cohen S, Reeds D, Young VL, Klein S. Long-term effects of 
large-volume liposuction on metabolic risk factors for coronary heart disease. 
Obesity (Silver Spring) (2008) 16(12):2648–51. doi:10.1038/oby.2008.418 
50. Tchkonia T, Morbeck DE, Von Zglinicki T, Van Deursen J, Lustgarten J, 
Scrable H, et al. Fat tissue, aging, and cellular senescence. Aging Cell (2010) 
9(5):667–84. doi:10.1111/j.1474-9726.2010.00608.x 
51. Lovejoy JC, de la Bretonne JA, Klemperer M, Tulley R. Abdominal fat 
distribution and metabolic risk factors: effects of race. Metabolism (1996) 
45(9):1119–24. doi:10.1016/S0026-0495(96)90011-6 
52. Kelley DE, Thaete FL, Troost F, Huwe T, Goodpaster BH. Subdivisions of 
subcutaneous abdominal adipose tissue and insulin resistance. Am J Physiol 
Endocrinol Metab (2000) 278(5):E941–8. 
53. Womersley J. A comparison of the skinfold method with extent of ‘over-
weight’ and various weight-height relationships in the assessment of obesity. 
Br J Nutr (1977) 38(2):271–84. doi:10.1079/BJN19770088 
54. Jackson AS, Stanforth PR, Gagnon J, Rankinen T, Leon AS, Rao DC, et al. 
The effect of sex, age and race on estimating percentage body fat from body 
mass index: the Heritage family study. Int J Obes Relat Metab Disord (2002) 
26(6):789–96. doi:10.1038/sj.ijo.0802006 
55. Demerath EW, Sun SS, Rogers N, Lee M, Reed D, Choh AC, et al. Anatomical 
patterning of visceral adipose tissue: race, sex, and age variation. Obesity 
(Silver Spring) (2007) 15(12):2984–93. doi:10.1038/oby.2007.356 
56. Després JP, Couillard C, Gagnon J, Bergeron J, Leon AS, Rao DC, et  al. 
Race, visceral adipose tissue, plasma lipids, and lipoprotein lipase activity 
in men and women: the health, risk factors, exercise training, and genetics 
(HERITAGE) family study. Arterioscler Thromb Vasc Biol (2000) 20(8):1932–
8. doi:10.1161/01.ATV.20.8.1932 
57. Woods SC, Gotoh K, Clegg DJ. Gender differences in the control of energy 
homeostasis. Exp Biol Med (2003) 228(10):1175–80. 
58. Clegg DJ, Brown LM, Woods SC, Benoit SC. Gonadal hormones determine 
sensitivity to central leptin and insulin. Diabetes (2006) 55(4):978–87. 
doi:10.2337/diabetes.55.04.06.db05-1339 
59. Grove KL, Fried SK, Greenberg AS, Xiao XQ, Clegg DJ. A microarray analysis 
of sexual dimorphism of adipose tissues in high-fat-diet-induced obese mice. 
Int J Obes (Lond) (2010) 34(6):989–1000. doi:10.1038/ijo.2010.12 
60. Macotela Y, Boucher J, Tran TT, Kahn CR. Sex and depot differences in 
adipocyte insulin sensitivity and glucose metabolism. Diabetes (2009) 
58(4):803–12. doi:10.2337/db08-1054 
61. Wu-Peng S, Rosenbaum M, Nicolson M, Chua SC, Leibel RL. Effects of 
exogenous gonadal steroids on leptin homeostasis in rats. Obes Res (1999) 
7(6):586–92. doi:10.1002/j.1550-8528.1999.tb00718.x 
62. Johnson JA, Fried SK, Pi-Sunyer FX, Albu JB. Impaired insulin action in 
subcutaneous adipocytes from women with visceral obesity. Am J Physiol 
Endocrinol Metab (2001) 280(1):E40–9. 
63. Goodpaster BH, Thaete FL, Simoneau JA, Kelley DE. Subcutaneous 
abdominal fat and thigh muscle composition predict insulin sensitivity 
independently of visceral fat. Diabetes (1997) 46(10):1579–85. doi:10.2337/
diabetes.46.10.1579 
64. Nishikawa S, Yasoshima A, Doi K, Nakayama H, Uetsuka K. Involvement of 
sex, strain and age factors in high fat diet-induced obesity in C57BL/6J and 
BALB/cA mice. Exp Anim (2007) 56(4):263–72. doi:10.1538/expanim.56.263 
65. Hwang LL, Wang CH, Li TL, Chang SD, Lin LC, Chen CP, et al. Sex differences 
in high-fat diet-induced obesity, metabolic alterations and learning, and 
synaptic plasticity deficits in mice. Obesity (2010) 18(3):463–9. doi:10.1038/
oby.2009.273 
66. Ludgero-Correia A Jr, Aguila MB, Mandarim-de-Lacerda CA, Faria TS. 
Effects of high-fat diet on plasma lipids, adiposity, and inflammatory 
markers in ovariectomized C57BL/6 mice. Nutrition (2012) 28(3):316–23. 
doi:10.1016/j.nut.2011.07.014 
67. Blaustein JD, Gentry RT, Roy EJ, Wade GN. Effects of ovariectomy 
and estradiol on body weight and food intake in gold thioglu-
cose-treated mice. Physiol Behav (1976) 17(6):1027–30. doi:10. 
1016/0031-9384(76)90028-7 
68. Goodpaster BH, Kelley DE, Wing RR, Meier A, Thaete FL. Effects of weight 
loss on regional fat distribution and insulin sensitivity in obesity. Diabetes 
(1999) 48(4):839–47. doi:10.2337/diabetes.48.4.839 
69. Ross R, Rissanen J. Mobilization of visceral and subcutaneous adipose 
tissue in response to energy restriction and exercise. Am J Clin Nutr (1994) 
60(5):695–703. 
70. Després JP, Pouliot MC, Moorjani S, Nadeau A, Tremblay A, Lupien PJ, et al. 
Loss of abdominal fat and metabolic response to exercise training in obese 
women. Am J Physiol (1991) 261(2 Pt 1):E159–67. 
71. Arner P, Kriegholm E, Engfeldt P, Bolinder J. Adrenergic regulation of 
lipolysis in situ at rest and during exercise. J Clin Invest (1990) 85(3):893–8. 
doi:10.1172/JCI114516 
72. Lafontan M, Dang-Tran L, Berlan M. Alpha-adrenergic antilipolytic effect 
of adrenaline in human fat cells of the thigh: comparison with adrenaline 
responsiveness of different fat deposits. Eur J Clin Invest (1979) 9(4):261–6. 
doi:10.1111/j.1365-2362.1979.tb00883.x 
73. Wahrenberg H, Lonnqvist F, Arner P. Mechanisms underlying regional differ-
ences in lipolysis in human adipose tissue. J Clin Invest (1989) 84(2):458–67. 
doi:10.1172/JCI114187 
74. Rebuffé-Scrive M, Anderson B, Olbe L, Björntorp P. Metabolism of adi-
pose tissue in intraabdominal depots in severely obese men and women. 
Metabolism (1990) 39(10):1021–5. doi:10.1016/0026-0495(90)90160-E 
11
Chusyd et al. Fat Pads versus Fat Depots
Frontiers in Nutrition | www.frontiersin.org April 2016 | Volume 3 | Article 10
75. Ma XH, Muzumdar R, Yang XM, Gabriely I, Berger R, Barzilai N. Aging is 
associated with resistance to effects of leptin on fat distribution and insulin 
action. J Gerontol A Biol Sci Med Sci (2002) 57(6):B225–31. doi:10.1093/
gerona/57.6.B225 
76. Catalano KJ, Stefanovski D, Bergman RN. Critical role of the mesenteric 
depot versus other intra-abdominal adipose depots in the development of 
insulin resistance in young rats. Diabetes (2010) 59(6):1416–23. doi:10.2337/
db08-0675 
77. Shi H, Strader AD, Woods SC, Seeley RJ. Sexually dimorphic responses to fat 
loss after caloric restriction or surgical lipectomy. Am J Physiol Endocrinol 
Metab (2007) 293(1):E316–26. doi:10.1152/ajpendo.00710.2006 
78. Leenen R, van der Kooy K, Deurenberg P, Seidell JC, Weststrate JA, Schouten 
FJ, et  al. Visceral fat accumulation in obese subjects: relation to energy 
expenditure and response to weight loss. Am J Physiol (1992) 263(5):E913–9. 
79. Redman LM, Heilbronn LK, Martin CK, Alfonso A, Smith SR, Ravussin E, 
et al. Effect of calorie restriction with or without exercise on body compo-
sition and fat distribution. J Clin Endocrinol Metab (2007) 92(3):865–72. 
doi:10.1210/jc.2006-2184 
80. Rogozina OP, Bonorden MJ, Seppanen CN, Grande JP, Cleary MP. Effect of 
chronic and intermittent calorie restriction on serum adiponectin and leptin 
and mammary tumorigenesis. Cancer Prev Res (Phila) (2011) 4(4):568–81. 
doi:10.1158/1940-6207.CAPR-10-0140 
81. Nagy TR, Gower BA, Trowbridge CA, Dezenberg C, Shewchuk RM, Goran 
MI. Effects of gender, ethnicity, body composition, and fat distribution on 
serum leptin concentrations in children 1. J Clin Endocrinol Metab (1997) 
82(7):2148–52. doi:10.1210/jcem.82.7.4077 
82. Benini ZL, Camilloni MA, Scordato C, Lezzi G, Savia G, Oriani G, et  al. 
Contribution of weight cycling to serum leptin in human obesity. Int J Obes 
Relat Metab Disord (2001) 25(5):721–6. doi:10.1038/sj.ijo.0801587 
83. Garner DM, Wooley SC. Confronting the failure of behavioral and 
dietary treatments for obesity. Clin Psychol Rev (1991) 11(6):729–80. 
doi:10.1016/0272-7358(91)90128-H 
84. Dodt C, Lönnroth P, Wellhöner JP, Fehm HL, Elam M. Sympathetic control 
of white adipose tissue in lean and obese humans. Acta Physiol Scand (2003) 
177(3):351–7. doi:10.1046/j.1365-201X.2003.01077.x 
85. Bartness TJ, Bamshad M. Innervation of mammalian white adipose tissue: 
implications for the regulation of total body fat. Am J Physiol (1998) 
275(5):R1399–411. 
86. Clifford GM, Londos C, Kraemer FB, Vernon RG, Yeaman SJ. Translocation 
of hormone-sensitive lipase and perilipin upon lipolytic stimulation of rat 
adipocytes. J Biol Chem (2000) 275(7):5011–5. doi:10.1074/jbc.275.7.5011 
87. Jaworski K, Sarkadi-Nagy E, Duncan RE, Ahmadian M, Sul HS. Regulation of 
triglyceride metabolism. IV. Hormonal regulation of lipolysis in adipose tis-
sue. Am J Physiol Gastrointest Liver Physiol (2007) 293(1):G1–4. doi:10.1152/
ajpgi.00554.2006 
88. Arch J, Wilson S. Prospects for beta 3-adrenoceptor agonists in the treatment 
of obesity and diabetes. Int J Obes Relat Metab Disord (1996) 20(3):191–9. 
89. Tavernier G, Barbe P, Galitzky J, Berlan M, Caput D, Lafontan M, et  al. 
Expression of beta3-adrenoceptors with low lipolytic action in human 
subcutaneous white adipocytes. J Lipid Res (1996) 37(1):87–97. 
90. Weyer C, Tataranni PA, Snitker S, Danforth E Jr, Ravussin E. Increase in insu-
lin action and fat oxidation after treatment with CL 316,243, a highly selective 
beta3-adrenoceptor agonist in humans. Diabetes (1998) 47(10):1555–61. 
doi:10.2337/diabetes.47.10.1555 
91. Langin D. Adipose tissue lipolysis as a metabolic pathway to define pharma-
cological strategies against obesity and the metabolic syndrome. Pharmacol 
Res (2006) 53(6):482–91. doi:10.1016/j.phrs.2006.03.009 
92. Stich V, de Glisezinski I, Crampes F, Suljkovicova H, Galitzky J, Riviere D, et al. 
Activation of antilipolytic α2-adrenergic receptors by epinephrine during 
exercise in human adipose tissue. Am J Physiol (1999) 277(4):R1076–83. 
93. Valet P, Grujic D, Wade J, Ito M, Zingaretti MC, Soloveva V, et al. Expression 
of human α2-adrenergic receptors in adipose tissue of β3-adrenergic 
receptor-deficient mice promotes diet-induced obesity. J Biol Chem (2000) 
275(44):34797–802. doi:10.1074/jbc.M005210200 
94. Carey GB. Mechanisms regulating adipocyte lipolysis. In Richter EA, Kiens 
B, Galbo H, Saltin B, editors. Skeletal Muscle Metabolism in Exercise and 
Diabetes. New York: Springer (1998). p. 157–70.
95. Levin ER, Gardner DG, Samson WK. Natriuretic peptides. N Engl J Med 
(1998) 339(5):321–8. doi:10.1056/NEJM199807303390507 
96. Sengenès C, Zakaroff-Girard A, Moulin A, Berlan M, Bouloumié A, Lafontan 
M, et  al. Natriuretic peptide-dependent lipolysis in fat cells is a primate 
specificity. Am J Physiol Regul Integr Comp Physiol (2002) 283(1):R257–65. 
doi:10.1152/ajpregu.00453.2001 
97. Galitzky J, Sengenès C, Thalamas C, Marques MA, Senard JM, Lafontan M, 
et al. The lipid-mobilizing effect of atrial natriuretic peptide is unrelated to 
sympathetic nervous system activation or obesity in young men. J Lipid Res 
(2001) 42(4):536–44. 
98. Kiwaki K, Levine J. Differential effects of adrenocorticotropic hormone on 
human and mouse adipose tissue. J Comp Physiol B (2003) 173(8):675–8. 
doi:10.1007/s00360-003-0377-1 
99. Duquette PF, Scanes CG, Muir LA. Effects of ovine growth hormone and 
other anterior pituitary hormones on lipolysis of rat and ovine adipose tissue 
in vitro1. J Anim Sci (1984) 58(5):1191–7. 
100. White JE, Engel FL. Lipolytic action of corticotropin on rat adipose tissue 
in vitro. J Clin Invest (1958) 37(11):1556. doi:10.1172/JCI103748 
101. Bradley RL, Mansfield JPR, Maratos-Flier E. Neuropeptides, including 
neuropeptide Y and melanocortins, mediate lipolysis in murine adipocytes. 
Obes Res (2005) 13(4):653–61. doi:10.1038/oby.2005.73 
102. Bousquet-Mélou A, Galitzky J, Lafontan M, Berlan M. Control of lipolysis in 
intra-abdominal fat cells of nonhuman primates: comparison with humans. 
J Lipid Res (1995) 36(3):451–61. 
103. Fontana L, Eagon JC, Trujillo ME, Scherer PE, Klein S. Visceral fat adipokine 
secretion is associated with systemic inflammation in obese humans. Diabetes 
(2007) 56(4):1010–3. doi:10.2337/db06-1656 
104. Wiest R, Moleda L, Farkas S, Scherer M, Kopp A, Wönckhaus U, et  al. 
Splanchnic concentrations and postprandial release of visceral adipokines. 
Metabolism (2010) 59(5):664–70. doi:10.1016/j.metabol.2009.09.011 
105. Atzmon G, Yang XM, Muzumdar R, Ma XH, Gabriely I, Barzilai N. 
Differential gene expression between visceral and subcutaneous fat depots. 
Horm Metab Res (2002) 34(11–12):622–8. doi:10.1055/s-2002-38250 
106. Mohamed-Ali V, Goodrick S, Rawesh A, Katz DR, Miles JM, Yudkin JS, 
et  al. Subcutaneous adipose tissue releases interleukin-6, but not tumor 
necrosis factor-α, in vivo. J Clin Endocrinol Metab (1997) 82(12):4196–200. 
doi:10.1210/jcem.82.12.4450 
107. Cartier A, Côté M, Lemieux I, Pérusse L, Tremblay A, Bouchard C, et  al. 
Age-related differences in inflammatory markers in men: contribution 
of visceral adiposity. Metabolism (2009) 58(10):1452–8. doi:10.1016/j.
metabol.2009.04.025 
108. Phillips SA, Ciaraldi TP, Oh DK, Savu MK, Henry RR. Adiponectin secretion 
and response to pioglitazone is depot dependent in cultured human adipose 
tissue. Am J Physiol Endocrinol Metab (2008) 295(4):E842–50. doi:10.1152/
ajpendo.90359.2008 
109. Kovacova Z, Tencerova M, Roussel B, Wedellova Z, Rossmeislova L, Langin 
D, et al. The impact of obesity on secretion of adiponectin multimeric iso-
forms differs in visceral and subcutaneous adipose tissue. Int J Obes (Lond) 
(2012) 36(10):1360–5. doi:10.1038/ijo.2011.223 
110. Pitombo C, Araújo EP, De Souza CT, Pareja JC, Geloneze B, Velloso LA. 
Amelioration of diet-induced diabetes mellitus by removal of visceral fat. 
J Endocrinol (2006) 191(3):699–706. doi:10.1677/joe.1.07069 
111. Einstein FH, Atzmon G, Yang XM, Ma XH, Rincon M, Rudin E, et  al. 
Differential responses of visceral and subcutaneous fat depots to nutrients. 
Diabetes (2005) 54(3):672–8. doi:10.2337/diabetes.54.3.672 
112. Einstein FH, Fishman S, Bauman J, Thompson RF, Huffman DM, Atzmon 
G, et al. Enhanced activation of a “nutrient-sensing” pathway with age con-
tributes to insulin resistance. FASEB J (2008) 22(10):3450–7. doi:10.1096/
fj.08-109041 
113. Einstein FH, Huffman DM, Fishman S, Jerschow E, Heo HJ, Atzmon G, et al. 
Aging per  se increases the susceptibility to free fatty acid-induced insulin 
resistance. J Gerontol A Biol Sci Med Sci (2010) 65(8):800–8. doi:10.1093/
gerona/glq078 
114. Kishore P, Li W, Tonelli J, Lee DE, Koppaka S, Zhang K, et al. Adipocyte-
derived factors potentiate nutrient-induced production of plasminogen 
activator inhibitor-1 by macrophages. Sci Transl Med (2010) 2(20):20ra15. 
doi:10.1126/scitranslmed.3000292 
12
Chusyd et al. Fat Pads versus Fat Depots
Frontiers in Nutrition | www.frontiersin.org April 2016 | Volume 3 | Article 10
115. Esterson YB, Kishore P, Koppaka S, Li W, Zhang K, Tonelli J, et  al. Fatty 
acid-induced production of plasminogen activator inhibitor-1 by adipose 
macrophages is greater in middle-aged versus younger adult participants. 
J Gerontol A Biol Sci Med Sci (2012) 67(12):1321–8. doi:10.1093/gerona/
gls200 
116. Tchoukalova YD, Votruba SB, Tchkonia T, Giorgadze N, Kirkland JL, Jensen 
MD. Regional differences in cellular mechanisms of adipose tissue gain with 
overfeeding. Proc Natl Acad Sci U S A (2010) 107(42):18226–31. doi:10.1073/
pnas.1005259107 
117. Stunkard AJ, Harris JR, Pedersen NL, McClearn GE. The body-mass index 
of twins who have been reared apart. N Engl J Med (1990) 322(21):1483–7. 
doi:10.1056/NEJM199005243222102 
118. Price RA. Genetics of human obesity. Ann Behav Med (1987) 9(1):9–14. 
doi:10.1207/s15324796abm0901_2 
119. Lindgren CM, Heid IM, Randall JC, Lamina C, Steinthorsdottir V, Qi L, 
et  al. Genome-wide association scan meta-analysis identifies three Loci 
influencing adiposity and fat distribution. PLoS Genet (2009) 5(6):e1000508. 
doi:10.1371/journal.pgen.1000508 
120. Yang Y, Smith DL Jr, Keating KD, Allison DB, Nagy TR. Variations in body 
weight, food intake and body composition after long-term high-fat diet feed-
ing in C57BL/6J mice. Obesity (2014) 22(10):2147–55. doi:10.1002/oby.20811 
121. Roemer I, Reik W, Dean W, Klose J. Epigenetic inheritance in the mouse. 
Curr Biol (1997) 7(4):277–80. doi:10.1016/S0960-9822(06)00124-2 
122. Loh NY, Neville MJ, Marinou K, Hardcastle SA, Fielding BA, Duncan EL, 
et  al. LRP5 regulates human body fat distribution by modulating adipose 
progenitor biology in a dose- and depot-specific fashion. Cell Metab (2015) 
21(2):262–72. doi:10.1016/j.cmet.2015.01.009 
123. Vohl M-C, Sladek R, Robitaille J, Gurd S, Marceau P, Richard D, et  al. A 
survey of genes differentially expressed in subcutaneous and visceral adipose 
tissue in men. Obes Res (2004) 12(8):1217–22. doi:10.1038/oby.2004.153 
124. Djian P, Roncari AK, Hollenberg CH. Influence of anatomic site and age 
on the replication and differentiation of rat adipocyte precursors in culture. 
J Clin Invest (1983) 72(4):1200–8. doi:10.1172/JCI111075 
125. Kirkland JL, Hollenberg CH, Gillon WS. Age, anatomic site, and the rep-
lication and differentiation of adipocyte precursors. Am J Physiol (1990) 
258(2):C206–10. 
126. Tchkonia T, Lenburg M, Thomou T, Giorgadze N, Frampton G, Pirtskhalava 
T, et al. Identification of depot-specific human fat cell progenitors through 
distinct expression profiles and developmental gene patterns. Am J Physiol 
Endocrinol Metab (2007) 292(1):E298–307. doi:10.1152/ajpendo.00202.2006 
127. Gesta S, Bezy O, Mori MA, Macotela Y, Lee KY, Kahn CR. Mesodermal devel-
opmental gene Tbx15 impairs adipocyte differentiation and mitochondrial 
respiration. Proc Natl Acad Sci U S A (2011) 108(7):2771–6. doi:10.1073/
pnas.1019704108 
128. Karastergiou K, Fried SK, Xie H, Lee MJ, Divoux A, Rosencrantz MA, et al. 
Distinct developmental signatures of human abdominal and gluteal subcu-
taneous adipose tissue depots. J Clin Endocrinol Metab (2013) 98(1):362–71. 
doi:10.1210/jc.2012-2953 
129. Simeone A, Acampora D, Arcioni L, Andrews PW, Boncinelli E, Mavilio 
F. Sequential activation of HOX2 homeobox genes by retinoic acid in 
human embryonal carcinoma cells. Nature (1990) 346(6286):763–6. 
doi:10.1038/346763a0 
130. Cantile M, Procino A, D’armiento M, Cindolo L, Cillo C. HOX gene network 
is involved in the transcriptional regulation of in vivo human adipogenesis. J 
Cell Physiol (2003) 194:225–36. doi:10.1002/jcp.10210 
131. Brune JE, Kern M, Kunath A, Flehmig G, Schön MR, Lohmann T, et  al. 
Fat depot-specific expression of HOXC9 and HOXC10 may contribute to 
adverse fat distribution and related metabolic traits. Obesity (2016) 24:51–9. 
doi:10.1002/oby.21317 
132. Khan T, Muise ES, Iyengar P, Wang ZV, Chandalia M, Abate N, et al. Metabolic 
dysregulation and adipose tissue fibrosis: role of collagen VI. Mol Cell Biol 
(2009) 29(6):1575–91. doi:10.1128/MCB.01300-08 
133. Chandalia M, Lin P, Seenivasan T, Livingston EH, Snell PG, Grundy SM, 
et al. Insulin resistance and body fat distribution in South Asian men com-
pared to Caucasian men. PLoS One (2007) 2(8):e812. doi:10.1371/journal.
pone.0000812 
134. Kim JY, van de Wall E, Laplante M, Azzara A, Trujillo ME, Hofmann SM, 
et al. Obesity-associated improvements in metabolic profile through expan-
sion of adipose tissue. J Clin Invest (2007) 117(9):2621–37. doi:10.1172/ 
JCI31021 
135. Bouatia-Naji N, Meyre D, Lobbens S, Séron K, Fumeron F, Balkau B, et al. 
ACDC/adiponectin polymorphisms are associated with severe childhood and 
adult obesity. Diabetes (2006) 55(2):545–50. doi:10.2337/diabetes.55.02.06.
db05-0971 
136. Berryman DE, List EO, Sackmann-Sala L, Lubbers E, Munn R, Kopchick 
JJ. Growth hormone and adipose tissue: beyond the adipocyte. Growth Horm 
IGF Res (2011) 21(3):113–23. doi:10.1016/j.ghir.2011.03.002 
137. Nilsson L, Binart N, Bohlooly-Y M, Bramnert M, Egecioglu E, Kindblom 
J, et al. Prolactin and growth hormone regulate adiponectin secretion and 
receptor expression in adipose tissue. Biochem Biophys Res Commun (2005) 
331(4):1120–6. doi:10.1016/j.bbrc.2005.04.026 
138. Berryman DE, List EO, Palmer AJ, Chung MY, Wright-Piekarski J, Lubbers 
E, et al. Two-year body composition analyses of long-lived GHR null mice. 
J Gerontol A Biol Sci Med Sci (2010) 65A(1):31–40. doi:10.1093/gerona/ 
glp175 
139. List EO, Berryman DE, Funk K, Gosney ES, Jara A, Kelder B, et  al. The 
role of GH in adipose tissue: lessons from adipose-specific GH receptor 
gene-disrupted mice. Mol Endocrinol (2013) 27(3):524–35. doi:10.1210/
me.2012-1330 
140. Guevara-Aguirre J, Balasubramanian P, Guevara-Aguirre M, Wei M, Madia 
F, Cheng CW, et al. Growth hormone receptor deficiency is associated with a 
major reduction in pro-aging signaling, cancer, and diabetes in humans. Sci 
Transl Med (2011) 3(70):ra13–70. doi:10.1126/scitranslmed.3001845 
141. Kanety H, Hemi R, Ginsberg S, Pariente C, Yissachar E, Barhod E, et al. Total 
and high molecular weight adiponectin are elevated in patients with Laron 
syndrome despite marked obesity. Eur J Endocrinol (2009) 161(6):837–44. 
doi:10.1530/EJE-09-0419 
142. Montague CT, O’Rahilly S. The perils of portliness: causes and conse-
quences of visceral adiposity. Diabetes (2000) 49(6):883–8. doi:10.2337/
diabetes.49.6.883 
143. Björntorp P, Rosmond R. The metabolic syndrome  –  a neuroendocrine 
disorder? Br J Nutr (2000) 83(S1):S49–57. 
144. Masuzaki H, Paterson J, Shinyama H, Morton NM, Mullins JJ, Seckl JR, et al. 
A transgenic model of visceral obesity and the metabolic syndrome. Science 
(2001) 294(5549):2166–70. doi:10.1126/science.1066285 
145. Rask E, Olsson T, Söderberg S, Andrew R, Livingstone DE, Johnson O, et al. 
Tissue-specific dysregulation of cortisol metabolism in human obesity. J Clin 
Endocrinol Metab (2001) 86(3):1418–21. doi:10.1210/jcem.86.3.7453 
146. Divertie GD, Jensen MD, Miles JM. Stimulation of lipolysis in humans 
by physiological hypercortisolemia. Diabetes (1991) 40(10):1228–32. 
doi:10.2337/diabetes.40.10.1228 
147. Djurhuus CB, Gravholt CH, Nielsen S, Mengel A, Christiansen JS, Schmitz 
OE, et  al. Effects of cortisol on lipolysis and regional interstitial glycerol 
levels in humans. Am J Physiol Endocrinol Metab (2002) 283(1):E172–7. 
doi:10.1152/ajpendo.00544.2001 
148. Björntorp P. Metabolic implications of body fat distribution. Diabetes Care 
(1991) 14(12):1132–43. doi:10.2337/diacare.14.12.1132 
Disclaimer: The opinions expressed herein are those of the authors and not 
necessarily those of the NIH or any other organization with which the authors 
are affiliated.
Conflict of Interest Statement: The authors declare that the research was con-
ducted in the absence of any commercial or financial relationships that could be 
construed as a potential conflict of interest.
Copyright © 2016 Chusyd, Wang, Huffman and Nagy. This is an open-access article 
distributed under the terms of the Creative Commons Attribution License (CC BY). 
The use, distribution or reproduction in other forums is permitted, provided the 
original author(s) or licensor are credited and that the original publication in this 
journal is cited, in accordance with accepted academic practice. No use, distribution 
or reproduction is permitted which does not comply with these terms.
